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Abstract: Microplastic pollution in soils is an emerging topic in the scientific community, with researchers striving to de-
termine the occurrence and the impact of microplastics on soil health, ecology, and functionality. However, information on
the microplastic contamination of soils is limited because of a lack of suitable analytical methods. Because micro‐Fourier‐
transform infrared spectroscopy (µ‐FTIR), next to Raman spectroscopy, is one of the few methods that allows the determi-
nation of the number, polymer type, shape, and size of microplastic particles, the present study addresses the challenge of
purifying soil samples sufficiently to allow a subsequent µ‐FTIR analysis. A combination of freeze‐drying, sieving, density
separation, and a sequential enzymatic‐oxidative digestion protocol enables removal of the mineral mass (>99.9% dry wt)
and an average reduction of 77% dry weight of the remaining organic fraction. In addition to visual integrity, attenuated total
reflectance FTIR, gel permeation chromatography, and differential scanning calorimetry showed that polyamide, poly-
ethylene, polyethylene terephthalate, and polyvinyl chloride in the size range of 100 to 400 µm were not affected by the
approach. However, biodegradable polylactic acid showed visible signs of degradation and reduced molecular weight
distribution after protease treatment. Nevertheless, the presented purification protocol is a reliable and robust method to
purify relatively large soil samples of approximately 250 g dry weight for spectroscopic analysis in microplastic research and
has been shown to recover various microplastic fibers and fragments down to a size of 10 µm from natural soil samples.
Environ Toxicol Chem 2021;00:1–14. © 2021 The Authors. Environmental Toxicology and Chemistry published by Wiley
Periodicals LLC on behalf of SETAC.
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INTRODUCTION
Introduction of macro‐ as well as microplastics into soils is
estimated to exceed the numbers emitted into water bodies
by far (Kawecki and Nowack 2019). Hence, a substantial pro-
portion of plastic pollution is expected to enter and remain
permanently in the soil column (Rillig et al. 2017; Hurley and
Nizzetto 2018; Rochman 2018). One entryway for microplastics
into soils is mismanagement of waste (Lebreton and Andrady
2019), but also common agricultural practices are known to
introduce microplastics directly into soil systems, such as using
treated wastewater for irrigation (He et al. 2018), applying
sewage sludge and certain compost types as fertilizers
(Weithmann et al. 2018; Corradini et al. 2019; Van den Berg
et al. 2020), or practicing plastic‐film mulching (Zhou et al. 2019).
However, nonagricultural soils have also been shown to contain
microplastics, such as floodplain soils (Scheurer and Bigalke
2018), soils on industrial sites (Fuller and Gautam 2016), and soils
in home gardens (Huerta Lwanga et al. 2017).
Ongoing research indicates that different types of micro-
plastics may potentially influence a soil's health and functionality
in different ways. For instance, De Souza Machado et al. (2019)
conducted a study in which soils and spring onions
were exposed to 6 microplastic types, including beads, fibers,
and fragments. The exposure experiments resulted in altered
physical soil parameters as well as changes in plant performance.
Treatments with polyamide (PA) beads and polyester fibers eli-
cited the largest differences from the control treatments,
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allowing the tentative assumption that the microplastic's shape
and size may also be relevant to the impact on soil properties. To
better assess the impact of plastics on soil functionality, it is in-
dispensable to accurately evaluate the microplastic con-
tamination with regard to polymer type, shape, and size.
Therefore, appropriate analytical tools and methods are nec-
essary.
To date, there is no established standard method for the
sampling, extraction, purification, and identification/quantifi-
cation of microplastic particles in soil samples (Möller et al.
2020). However, methods developed for analyzing aquatic
sediments, which have been the focus of research for a com-
paratively longer time than soils, can potentially be adapted
and the lessons learned from them considered for the proc-
essing of soil samples for microplastic analysis. The following
paragraph describes several methods mentioned in the liter-
ature to extract microplastics from sediment and soil samples.
One of the simplest methods used to extract microplastic
particles from soil samples is manual sorting, which is often
applied for particles >1mm (Piehl et al. 2018, soil). Other
methods used are oil extraction (Scopetani et al. 2020, com-
post and soil) and density separation with highly dense salt
solutions using NaI, ZnCl2, NaBr, or Na6[H2W12O6] (Möller et al.
2020, diverse matrices) to remove the mineral matrix. These
extraction procedures are often found in combination with one
or several purification steps to remove the organic compo-
nents. These can include an oxidization step with hydrogen
peroxide (H2O2; Nuelle et al. 2014, marine sediment) or
Fenton's reagent (Tagg et al. 2017, wastewater; Hurley et al.
2018, sludge and soil) or alternatively an enzymatic digestion
procedure (Löder et al. 2017, marine sediment and water). The
methodologies used to identify the microplastic particles also
vary between microplastic research groups. Some methods are
based on visual identification, for example, by staining the
microplastic particles with the fluorescent Nile red (Maes et al.
2017, marine sediment), while others rely on a combination of
gas chromatography and mass spectrometry (GC‐MS) to
identify the polymer type and mass of the microplastics in a
sample. Examples of this type of approach include pyrolysis
GC‐MS used for marine sediments (Nuelle et al. 2014) and
thermal extraction desorption (TED) GC‐MS developed by
Dümichen et al. (2017) and used for digestate. These methods,
however, only allow the analysis of very small sample sizes
(0.5mg for pyrolysis GC‐MS and 20mg for TED GC‐MS), and
therefore require a high degree of sample purification if a
larger amount of sample is targeted (Dümichen et al. 2017). It is
also important to note the loss of information on particle
numbers, sizes, and shapes when using these methods. In
comparison, focal plane array (FPA)–based micro‐Fourier‐
transform infrared spectroscopy (µ‐FTIR) and Raman micro-
spectroscopy are established methods that can identify the
polymer type, number, shape, and size of small (<500 µm) mi-
croplastic particles within environmental samples (Löder et al.
2015; Kumar et al. 2021). A precondition for the identification
of microplastic particles via these methods is that microplastic
particles are extracted and ideally isolated from the environ-
mental matrix (Löder et al. 2017).
Opposed to aquatic sediments, soils are rich in terrestrial
plant debris and humus, which are difficult to break down.
Although harsh purification steps with, for example, strong
acidic solutions are able to destroy the organic soil content,
they also alter the original plastic composition by destroying
labile plastic types (Scheurer and Bigalke 2018). To our
knowledge, no plastic‐conserving approach has been pub-
lished yet that explicitly addresses those issues related to the
spectroscopic analysis of microplastics (10 µm–5mm) in soil
samples. Therefore, we developed an effective sample purifi-
cation protocol specifically for the extraction and purification of
microplastics (10 µm–5mm) from soil samples that allows re-
moval of the bulk mineral matter via density separation and
removal of the organic matter by a plastic‐friendly enzymatic‐
oxidative digestion protocol, thereby conserving the original
plastic composition.
We investigated the purification efficiency of the protocol
for an agriculturally used silt loam soil by analyzing the mass
reduction of the total purification protocol. To validate the
plastic‐friendliness, potential destructive effects on micro-
plastics sized 100 to 400 µm of different plastic types—PA,
polyethylene (PE), polyethylene terephthalate (PET), polyvinyl-
chloride (PVC), and polylactic acid (PLA)—were analyzed. We
investigated visual integrity and changes in the functional
groups on the polymer surfaces via attenuated total reflectance
(ATR)–FTIR spectroscopy, mean molar mass distribution via gel
permeation chromatography (GPC), as well as changes in the
thermal transition characteristics via differential scanning calo-
rimetry (DSC).
MATERIALS AND METHODS
The protocol is designed to allow the extraction and iden-
tification of microplastics from 10 µm to 5mm. Because the
process of manual extraction and ATR‐FTIR analysis of particles
>500 µm is not new as such, the focus will mainly lie on the
purification procedure for particles <500 µm. Empirical experi-
ments concerning the purification efficiency were conducted
using three 250‐g subsamples of a composite sample of silt‐
loam soil obtained from the first 10 cm of an experimental
agricultural field near Stuttgart, southwest Germany, on
4 December 2019. Another 250‐g aliquot of the same soil was
used to verify the purification method for analysis of a natural
sample.
Prevention of sample contamination
Sample contamination with microplastic particles from
the ambient air, clothing, chemicals, or laboratory tools is a
significant concern in microplastic analysis of environmental
samples. Thus, precautionary measures were applied. Samples
were always covered with a glass lid or aluminum foil unless
direct handling was necessary. In this case samples were han-
dled under a laminar‐flow box. The tools used were made of
glass, metal, or polytetrafluorethylene (PTFE), which is ex-
cluded from analysis. All required reagents and deionized
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water were filtered through 0.2‐µm‐pore membranes (0.2‐µm
mixed cellulose ester membrane, diameter 47mm, Whatman
ME 24; Merck) before use, and enzymes were filtered through
0.45‐µm membranes (0.45‐µm regenerated cellulose mem-
brane, diameter 100mm, Whatman RC 55; Merck). All labo-
ratory equipment was thoroughly rinsed with prefiltered
deionized water, 35% ethanol, and again water before use
and in between steps. Screw caps made of plastics were re-
placed by glass caps. Cotton laboratory coats were worn at all
times. Blank samples undergoing the same procedures as
the environmental samples were used to monitor possible
contamination.
Detailed description of the purification
procedure
Following is a description of the purification procedure in a
step‐by‐step manual. Figure 1 shows a flowchart of the entire
process.
Sampling and subsampling. Depending on the research
question, different soil sampling techniques may be required
(Möller et al. 2020), but often the field‐sample amount
exceeds the 250 g that can be processed with this protocol.
Therefore, homogenized (thoroughly mixed but not ground)
soil samples (∼2 kg) are divided into subsamples of 250 g by
the cone‐and‐quarter method described by Schumacher
et al. (1990).
Freeze drying. Subsamples are freeze‐dried under vacuum
for 24 h to reduce the soil's aggregate stability (Staricka and
Benoit 1995).
Sieving. Subsamples are wet‐sieved with prefiltered (0.2 µm)
deionized water through a sieve cascade with mesh sizes of
5mm, 1mm, and 500 µm (50mm height, 203mm diameter;
Retsch).
Proceedings for particles >500 µm. The residues on the
larger sieves (>500 µm) are manually sorted under a stereo-
microscope with forceps, photographed, and stored for a
subsequent ATR‐FTIR measurement and spectral analysis of all
potential microplastic particles (Löder et al. 2017).
Density separation for particles <500 µm. The suspension
containing the <500‐µm soil fraction is transferred into a pre-
cleaned, 2‐L‐volume glass beaker; covered with a glass lid; and
left to settle overnight. This greatly facilitates decanting and
filtering the supernatant water over stainless steel mesh filters
(47mm diameter, mesh size 10 μm; Rolf Körner; filtration unit
3‐branch stainless steel vacuum manifold with 500‐mL funnels
and lids; Sartorius) to remove the water in preparation for a
density separation step with a highly dense aqueous zinc
chloride (ZnCl2) solution (ρ= 1.8 g cm
–³; Th. Geyer; Imhof et al.
2012). The filter is kept, and the retained particles are washed
back into the beaker with the prefiltered (with a 1‐µm poly-
propylene (PP) absolute filter cartridge, followed by a 2‐µm
stainless steel mesh filter) ZnCl2 solution. If necessary, the
particles may be scraped off the filter gently using a small metal
spatula. The sludge remaining at the bottom of the beaker is
then mixed with approximately 1 L of the prefiltered ZnCl2
solution
and stirred with a stir bar for 20 to 30min to disperse any
remaining aggregates. Subsequently, a custom‐made straight‐
walled glass separation funnel (Ø= 15 cm, H= 45 cm) with a
volume capacity of approximately 4 L is filled with
approximately 1 L ZnCl2 solution, and an overhead stirrer
(LLG‐uniSTIRRER OH2, 3‐hole paddle stirrer, Ø= 67mm) is
inserted and set to 50 rpm. Under continuous stirring, the ho-
mogenized soil–ZnCl2 mixture is transferred into the separation
funnel, and another 1 L of the ZnCl2 solution is used to rinse all
remaining particles from the beaker into the funnel, resulting in
a final volume of approximately 3 L. The filled separation funnel
is then covered with aluminum foil and stirred for 2 h before
being left to settle overnight. After a minimum of 12 h of
sedimentation, the bottom sediment and ZnCl2 solution are
slowly drained from the funnel, collected, and stored in a clean
glass beaker, leaving the low‐density fraction (i.e., organic and
plastic) floating in the supernatant (0.6 L) in the separation
funnel. This fraction is then discharged into a second clean
glass beaker via the tap at the bottom and rinsed out of the
separation funnel with a fresh ZnCl2 solution. The collected
supernatant is then filtered over 10‐µm stainless steel mesh
FIGURE 1: Flowchart of the soil purification protocol for microplastic
analysis (10 µm–5mm). ATR‐FTIR= attenuated total reflectance
Fourier-transform infrared spectroscopy; SDS= sodium dodecyl sul-
fate; µ‐FTIR=micro‐Fourier‐transform infrared spectroscopy.
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filters. The filter cake is then briefly washed with 98% filtered
(0.2 µm) ethanol and then with filtered deionized water to re-
move residual ZnCl2. This filter cake is then placed, along with
the filter, into a 290mL precleaned mason jar with a glass lid
(WECK) to be further processed with the sequential enzymatic‐
oxidative digestion protocol (see section Enzymatic‐oxidative
digestion).
The density separation procedure is then conducted a
second time with the drained sediment, to increase recovery.
The supernatant is collected and filtered, and the filter cake
and second filter are added to the same mason jar as the
supernatant collected from the first density separation be-
cause it is part of the same sample. The ZnCl2 solution used
during the density separation process is collected and re-
generated by filtration for future use. The density of the ZnCl2
solution is checked during regeneration, if the solution
reaches a density of 1.7 g cm–3 as a result of the dilution with
the moist sample, more ZnCl2 is added to increase the den-
sity back to 1.8 g cm–³.
Enzymatic‐oxidative digestion. The present enzymatic pu-
rification protocol for soil samples is an optimized adaptation of
the universal enzymatic purification protocol published by
Löder et al. (2017).
The filter cake containing the low‐density fraction of the
density separation step is consecutively washed off the
stainless steel filters into a reaction jar with a small amount of
water or buffer using a self‐designed high‐pressure spray
bottle with a needle nozzle, to which the respective chemical
reagent or enzyme is added (see Table 1). The filters are also
placed into the reaction jar. The mixture is then incubated at
the respective temperature (see Table 1), under gentle agi-
tation in an incubation cabinet. Subsequently, the filters,
which are continuously used in every procedural step, are
taken out of the jar and thoroughly rinsed with filtered, de-
ionized water, washing any adhering particles back into the
reaction jar. The cleaned filters are then placed into the
stainless steel vacuum filtration unit funnels, through which
the sample is then filtered. The jar is thoroughly rinsed onto
the filters, and the filter cake on the stainless steel filters is
washed with filtered deionized water to avoid reagents from
the previous step interfering with subsequent reactions.
Thereafter, any residual particles sticking to the filtration
funnel are washed into the reaction jar with water or the ap-
propriate buffer to avoid further dilution. The filters and filter
cake are also added for the consecutive step.
Step a. Sodium dodecyl sulfate (SDS) is an anionic detergent
capable of solubilizing lipids and proteins from cell walls (Cic-
colini et al. 1998). We used 50mL of a 10% (w/v) SDS solution
per reaction jar, incubated for 48 h at 50 °C.
Step b. Fenton's reagent is a strong oxidizing agent com-
posed of H2O2 and a ferrous ion (Fe
2+) catalyst, proposed in
several previous publications as purification protocols for
complex environmental samples because it is more effective at
removing organic compounds than H2O2 alone (Tagg et al.
2017; Hurley et al. 2018). In the present protocol, 25mL of 30%
H2O2 is added to the sample and continuously stirred with a
magnetic stir bar, before adding 25mL of a 0.05M Fe(II) sol-
ution (composed of 7.5 g iron[II] sulfate heptahydrate
[FeSO4 × 7H2O] in 500mL ultrapure water and 3mL con-
centrated sulfuric acid). The reaction with organic compounds
is strongly exothermic; thus, an ice bath should be made ready
beforehand and used when the reaction temperature reaches
38 to 39 °C to keep the reaction temperature below 40 °C
because too high temperatures may adversely affect some
microplastic particle types (Munno et al. 2018).
Step c. Protease hydrolyzes insoluble protein structures into
soluble peptides. In the present study, 5 mL of Protease A‐01
(subtilisin, EC 3.4.21.62, enzymatic activity 1.100 UmL–1; ASA
Spezialenzyme) are used in 25mL of 0.1M Tris‐HCl buffer, set
to pH 9.0 with concentrated HCl. The samples are then in-
cubated at 50 °C for 12 h.
Step d. Dead plant matter containing lignin and cellulose
structures are extremely stable, making their removal from
environmental samples difficult without resorting to chemically
harsh procedures that would also damage plastic particles
(Löder et al. 2017). However, specific types of fungi are capable
of degrading lignocellulosic structures. Ramos et al. (2016)
explored the in vitro production of plant cell wall–degrading
enzymes by Macrophomina phaseolina (a fungal plant
pathogen). They established, that a sequence of pectinases
followed by hemicellulases and cellulases “promote initial
tissue maceration followed by cell wall degradation” (Ramos
et al. 2016). To emulate the fungal plant degradation, com-
mercially available technical enzymes were used: pectinase
degrades pectin, which can be found in the primary cell walls of
all land plants as well as in the middle lamellae between
cell walls (Willats et al. 2001). In our protocol we use 5mL of
Pektinase L‐40 (polygalacturonase, pectin depolymerase, EC
TABLE 1: Enzymatic‐oxidative digestion protocol for soil samplesa
Step Volume Reagents Incubation time Incubation temperature
a 50mL 10% sodium dodecyl sulfate 48 h 50 °C
b 50mL Fenton's reagent 1 h 40 °C
c 25+ 5mL Tris HCl 0.1M buffer, pH 9,protease 12 h 50 °C
d 25+ 5mL NaAc 0.1M buffer, pH 5,pectinase 48 h 50 °C
e 25+ 1mL NaAc 0.1M buffer, pH 5, viscozyme L 48 h 50 °C
f 25+ 5mL NaAc 0.1M buffer, pH 5,cellulase 24 h 40 °C
g 50mL Fenton's reagent 1 h 40 °C
aThis protocol enables the removal of soil organic matter and cellulosic plant residue.
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3.2.1.15; ASA Spezialenzyme) in 25mL of 0.1M NaAc buffer
set to pH 5 with concentrated acetic acid and incubated for
48 h at 50 °C.
Step e. Viscozyme L (endo‐beta‐glucanase, V2010; Novo-
zymes) is a cellulolytic enzyme mix extracted from Aspergillus
aculeatus, with the key enzyme being endo‐1,3(4)‐beta gluca-
nase, splitting the β‐(1,3) linkages of the molecules. The
product also contains activity of arabanase, xylanase, cellulase,
and hemicellulose. Viscozyme L (1mL) is added to the sample
with 25mL of 0.1M NaAc buffer set to pH 5 and incubated at
50 °C for 48 h.
Step f. Cellulase TXL (endo‐1,4‐beta‐glucanase, EC3.2.1.4;
ASA Spezialenzyme) is a very similar cellulolytic enzymatic mix
(cellulase, hemicellulase, xylanase) extracted from Tricho-
derma longibrachiatum, splitting the β‐(1,4) linkages of the
molecules. Cellulase TXL (5 mL) is added to the samples with
25 mL of 0.1 M NaAc buffer set to pH 5 and incubated at 50 °C
for 24 h.
Step g. A second Fenton's reagent step is conducted, as
described in step b, to remove any residual organic matter.
Second density separation. After the second Fenton's re-
agent step, the sample is filtered with 10‐µm stainless steel
filters and washed clean of any residual H2O2. The sample (filter
cake) is then washed off the filter with a 1.8 g cm–³ ZnCl2 sol-
ution into a precleaned glass beaker, using a stainless steel
spatula to ensure the complete transfer of particles. The filter is
then checked under a stereomicroscope to verify that no par-
ticles remain on the filter surface and then discarded. The ZnCl2
solution–sample mixture is then transferred into a small,
straight‐walled separation funnel with a volume capacity of
approximately 400mL and stirred with a glass rod, which is
then rinsed back into the separation funnel with ZnCl2 solution
to ensure that no particles are extracted accidentally. After
stirring, the separation funnels are immediately covered with a
glass lid and left to settle overnight (at least 12 h). This step is
necessary to remove any silt or clay particles that were not
removed in the first density separation step. The sediment is
then released from the separation funnel and discarded,
whereas the upper lightweight fraction containing floating
microplastic particles is filtered onto a 10‐µm stainless steel
mesh filter. This is then rinsed with 98% ethanol and deionized
water to remove residual ZnCl2.
Transfer to sample carrier. The filter is taken out and rinsed
off thoroughly with deionized water into a small glass beaker
and transferred, with a small custom‐made glass funnel
(Ø= 10mm), onto one or more aluminum oxide filters (0.2 μm,
Anodisc; Whatman GE Healthcare), depending on the amount
of particulate content in the purified sample. In this context it is
important to avoid thicker layers of material because over-
lapping particles will obstruct the proper identification of mi-
croplastic particles in the sample.
µ‐FTIR spectroscopy. The aluminum oxide filters are then
measured using a Bruker Hyperion 3000 FTIR microscope
(Bruker Optik), equipped with a 64 × 64‐pixel FPA detector in
conjunction with a Tensor 27 spectrometer. The samples are
measured in transmission mode with a 3.8 × infrared objective
(spatial resolution 11.05 µm) and a wavelength range of 3600 to
1250 cm–1 with a resolution of 8 cm–1 and a coaddition of
6 scans. Data processing is conducted using the Bruker OPUS
software, Ver 7.5 (Bruker Optik).
Polymer classification. Automated spectral analysis is per-
formed with the “BayreuthParticleFinder”module in ImageLab,
Ver 4.1 (EPINA). This software tool allows a fast and reliable
automated identification of currently 22 common plastic poly-
mers based on the principle of random decision forest classi-
fiers (Hufnagl et al. 2019). Alternatively, other spectroscopic
analysis tools, such as the free software siMPle (Primpke et al.
2020), may be used. In principle, the purified samples may also
be analyzed using Raman microspectroscopy, which potentially
would allow a pixel resolution of down to 500 nm (Käppler et al.
2015). In this case smaller mesh sizes of the filters used during
the whole density separation and purification procedure would
be necessary.
Determination of purification efficiency
Purification efficiency was determined by gravimetric
analysis. A sample of approximately 2 kg silt loam obtained
from the first 10 cm of an experimental agricultural field near
Stuttgart, southwest Germany, was thoroughly mixed in an
aluminum pan with a spoon and then freeze‐dried. Three
subsamples of 250 g each were taken by the cone‐and‐quarter
method and underwent the density separation procedure de-
scribed in the section Density separation for particles <500 µm.
Before filtering the supernatant containing the lightweight
fraction, the 10‐µm stainless steel mesh filters were oven‐dried
at 105 °C and weighed with a laboratory precision scale
(d= 0.01mg, OHAUS Explorer), with the respective weights
noted. The filtered lightweight fraction was then oven‐dried on
the filter at 40 °C for approximately 48 h and weighed until
mass consistency (±0.2mg). The previously determined weight
of the filters was subtracted to obtain the mass of the light-
weight fraction.
After undergoing the enzymatic‐oxidative digestion
protocol as well as the second density separation step (see
sections Enzymatic‐oxidative digestion and Second density
separation), the purified sample was again transferred onto the
same stainless steel filter and washed off thoroughly with 98%
ethanol and water to remove any residual ZnCl2. The purified
sample and filter were then dried at 40 °C and weighed until
mass consistency. The mass difference of the sample matter
before and after treatment was recorded and the mean purifi-
cation efficiency calculated. In addition, the organic matter
reduction after each purification step was photo‐documented
(see Figure 2) using a stereomicroscope (Leica M50; Leica
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Microsystems; Olympus DP 26 camera; Olympus) and the
imaging software cellSens (Olympus).
Determination of effects of the enzymatic‐
oxidative digestion procedure on microplastic
particles
Seven different microplastic particle types were chosen to
assess if the enzymatic‐oxidative digestion protocol causes any
damage on a visible or molecular level. Next to polymer types
commonly found in environmental samples, such as the
chemically resistant PE as well as polymers more vulnerable to
chemical degradation such as PA, PET, and PVC, the bio-
degradable PLA was also tested. Polylactic acid is an increas-
ingly popular plastic material used, for example, in 3D printing,
food packaging, and bin liners for organic waste. Thus, PLA
may also be among the synthetic polymers found in soils, es-
pecially agricultural soils amended with compost derived from
biowaste‐treatment plants.
The PLA fragments (Ø= 200 µm–1mm) were obtained
by cryo‐milling virgin PLA pellets (Ingeo Biopolymer 7001D;
Nature Works) and sieving the ground product. The milling and
sieving were conducted by the Institute for Plastics Technology
in Stuttgart. The fragments of PA (Ø= 150–300 µm, Schaetti fix
5230) and PE (Ø= 100–400 µm, Schaetti fix 140) were obtained
from Schaetti. The fragments of PET (Ø= 200–400 µm) and PVC
(Ø= 150–200 µm) were obtained by cryo‐milling and sieving
virgin pellets at the University of Bayreuth. Green fluorescent
PE beads (Ø= 150–180 µm, UVPMS‐BG‐1.00) were obtained
from Cospheric, and yellow fluorescent PET fibers (Ø= 16 µm,
l= 1mm) were obtained from a high‐visibility raincoat and cut
to a length of 1 mm using a pair of microscissors.
Using needle and fine‐point high‐precision forceps,
25 particles of each microplastic type were counted out, pho-
tographed, and fixed on a gelatin platelet (1 × 1 cm) cut from a
sheet of gelatine leaf (Dr. Oetker Blatt Gelatine) under a
stereomicroscope (Leica M50) equipped with an Olympus DP
26 camera. The gelatin is used to ensure that all particles
can be transferred from under the stereomicroscope into the
reaction containers without losing them (e.g., from static
forces). The gelatin was then dissolved in water at 40 °C and
filtered off, with the particles remaining on the 10‐µm stainless
steel mesh filter. All particles then underwent the complete
enzymatic‐oxidative digestion protocol including the second
ZnCl2 solution treatment.
Visual analysis
After every step, once the reagents were filtered off, the
filter containing the microplastic particles was carefully laid
under the stereomicroscope and screened for the microplastic
particles, which were then photographed. Despite rinsing the
filtration funnels thoroughly with water in an attempt to transfer
FIGURE 2: Sequential organic matter removal in the course of enzymatic‐oxidative digestion—sample 3. Visual documentation of the removal
efficiency of the single steps in the purification protocol. (A) Organic matter after density separation. (B) After 48‐h sodium dodecyl sulfate. (C) After
1‐h Fenton's reagent. (D) After 12‐h protease. (E) After 48‐h pectinase. (F) After 48‐h viscozyme L. (G) After 24‐h cellulase. (H) After 1‐h Fenton's
reagent. (I) After 24‐h density separation in zinc chloride solution.
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any adhering particles onto the filter, some particles stuck to
the bottom of the funnel when extracting the filter; these par-
ticles were then directly washed back into the reaction jar with
the subsequent reagent and were not photographed at the
respective point in time. After the final step (ZnCl2 solution), all
particles were extracted from the filter with a needle and
photographed without the filter as background to better
compare the particles’ appearance before and after the treat-
ments. Because of static forces causing the particles to “jump,”
some particles were lost during transfer with the needle. The
extracted particles were then kept safe for later µ‐FTIR and
ATR‐FTIR analyses.
ATR‐FTIR analysis
Because the quality of the µ‐FTIR spectra in transmittance
mode is dependent on the particle shape and size (e.g.,
very thick particles may result in the total absorption of the
infrared radiation, whereas spherical particles and fibers
often show disrupted spectra as a result of radiation scattering),
ATR‐FTIR spectroscopy was chosen as a method to compare
pristine particles and the particles that underwent the
enzymatic‐oxidative digestion protocol. For each polymer
type, respectively, 5 of the particles that underwent the
enzymatic‐oxidative digestion protocol were selected ran-
domly and measured via ATR‐FTIR spectroscopy (Alpha
ATR‐FTIR equipped with diamond crystal; Bruker Optik). For
the measurement of each particle, 8 background scans
were pooled, followed by 8 sample scans with a spectral res-
olution of 8 cm–1 in a wavenumber range of 4000 to 400 cm–1.
Using the software OPUS 7.5, the resulting spectra were
compared to the spectra of untreated control particles, to
determine if any changes to the functional groups in the pol-
ymer had occurred.
GPC analysis
To determine changes in the molar mass distribution of the
pristine particles and particles that underwent the purification
treatment, a GPC analysis was conducted.
For PLA, the GPC measurement was performed on an in-
strument with 4 styrene divinylbenzene (SDV) gel columns (par-
ticle size = 5 µm) with porosity range from 102 to 105 Å (Polymer
Standards Service GmbH [PSS]) together with a refractive index
detector (1200 Series, Agilent). Tetrahydrofuran (HPLC grade)
was used as a solvent (for dissolving the polymer and as an
eluting solvent) with a flow rate of 1.0mLmin–1. As internal
standard toluene (HPLC grade) was used. The calibration was
done with narrowly distributed polystyrene (PS) homopolymers
(PSS calibration kit). An injection volume of 20 µL was used for
the measurements. The sample was dissolved in tetrahydrofuran
and filtered through a 0.22‐µm PTFE filter before analysis.
The molar mass of the rest of the polymers with the ex-
ception of PE was measured using hexafluoroisopropanol
(HFIP; HPLC grade) as the eluting solvent. The GPC measure-
ment was performed on an instrument with a perfluorinated gel
(PFG) precolumn and 2 PSS‐PFG columns (particle size = 7 µm)
with porosity range from 100 to 300 Å (PSS) together with a
refractive index detector (Agilent 1200 Series). Hexa-
fluoroisopropanol with potassium trifluoroacetate (4.8 g in
600mL HFIP) was used as a solvent (to dissolve the polymer
and as an eluting solvent) with a flow rate of 0.5mLmin–1. As an
internal standard, toluene (HPLC grade) was used. The cali-
bration was done with narrowly distributed polymethyl meth-
acrylate (PMMA) homopolymers (PSS calibration kit). The
sample was dissolved in HFIP with potassium trifluoroacetate
and filtered through a 0.22‐µm PTFE filter before analysis. An
injection volume of 20 µL was used for the measurement, and
the GPC columns were maintained at room temperature. The
molar masses reported are in reference to PMMA standards.
The average mass of PE can only be analyzed by high‐
temperature GPC and could therefore not be analyzed in the
scope of the present study.
DSC analysis
The DSC measurements were carried out on NETZSCH DSC
204F1 Phoenix instrument under a nitrogen atmosphere with a
gas flow rate of 20mLmin–1. A sample size of approximately
5mg was used for each measurement. The samples were
heated with a heating rate of 10 Kmin–1.









In this equation, ΔHm is the enthalpy of melting, ΔHc is the
enthalpy of crystallization, and ΔHm0 is the enthalpy of melting
for 100% crystalline polymer. Values for the enthalpy of melting
for 100% crystalline PLA, low‐density PE, and PET were taken
as 93.6 J g–1 (Turner et al. 2004), 293 J g–1 (Atkinson and Ri-
chardson 1969), and 130 J g–1 (Müller et al. 2005), respectively.
The actual chemical structure of PA is not known. Therefore,
the percentage of crystallinity was not calculated.
RESULTS
Purification efficiency
The vast majority of the soil mass is already removed in the
density separation step: of a 250‐g soil sample, 52, 38, and
160mg solid particulate matter (>10 µm) remained in the
supernatant phase of the ZnCl2 solution for samples 1, 2, and 3,
respectively. Thus, the removal of the mineral fraction results in a
mass removal of >99.9%. Nevertheless, the low‐density fraction
remaining in the supernatant still contains too much matter for a
comprehensive µ‐FTIR analysis. For the sake of simplicity, the
particulate matter extracted from the supernatant will henceforth
be described as the “lightweight fraction.”
After the lightweight fraction was extracted, dried, and
weighed, it underwent the digestion protocol, as described in
the sections Enzymatic‐oxidative digestion and Second density
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separation. As can be seen in Figure 2, each digestion step
contributes slightly to the overall high purification efficiency.
Figure 2A shows the lightweight fraction collected on a 10‐µm
stainless steel mesh filter (Ø= 47mm) after undergoing density
separation. Although the SDS step (Figure 2B) only shows a
slight discoloration of the material, the subsequent step with
Fenton's reagent already shows a visible decrease of organic
matter (Figure 2C). The enzymes protease, pectinase, visco-
zyme, and cellulase (Figure 2D–G) show a slight but significant
reduction in the mostly plant‐derived organic matter, which is
almost completely removed by the second Fenton's reagent
step (Figure 2H). The small granular structures visible in
Figure 2H, which are most likely of mineral origin, are removed
in the second density separation step, leaving a manageable
amount of seeds, black carbon particles, and some plant‐based
fragments on the filter to be analyzed for the presence of mi-
croplastics. In terms of mass loss, the enzymatic‐oxidative di-
gestion protocol and second density separation protocol
allowed a mass reduction of 73.9, 73.0, and 84.8% for samples
1, 2, and 3, respectively (see Figure 3). An average purification
efficiency of 77.2± 6.6% (standard deviation) can be achieved
for the lightweight fraction of soil samples. The mass losses in
between the single steps of the enzymatic‐oxidative digestion
steps were not recorded.
Effects of the enzymatic‐oxidative digestion
procedure on microplastic particles
For investigation of any obvious destructive effects on the
added microplastic particles caused by the purification
protocol, the microplastic particles were photographed under a
stereomicroscope before, during, and after the enzymatic‐
oxidative digestion protocol. The number of spiked and re-
covered particles as well as the number of optical matches per
microplastic type are given in Table 2. Optical matches are to
be understood as particles that do not show any visual differ-
ences in shape and size when comparing the photographs from
before and after the enzymatic‐oxidative digestion protocol
(see Supplemental Data, Figure S1). With the exception
of PA and PLA, the recovery rates for the investigated polymers
were 88 to 96%. The reduced recovery in those polymers was
most probably due to losses during the manual transfer from
the filter. All of the recovered PET fibers and PET fragments
were optical matches, whereas 2 of the recovered PE spheres
FIGURE 3: Lightweight fraction purification efficiency. The dark column represents the mass of the lightweight fraction (i.e., particulate matter
remaining in the supernatant after density separation) before the enzymatic purification procedure. The light column represents the remaining mass
after the purification procedure. The percentages given in bold next to the braces respectively represent the percentual mass loss.
TABLE 2: Number of spiked particles, number of recovered particles,








PET fibers 25 23 23
PET fragments 25 23 23
PE spheres 25 23 21
PVC fragments 25 24 22
PE fragments 25 22 21
PA fragments 25 10 9
PLA fragments 25 30 0
PET= polyethylene terephthalate; PE= polyethylene; PVC= polyvinylchloride;
PA= polyamide; PLA= polylactic acid.
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were sharp‐edged fragments, indicating that at least one of the
spheres had been broken mechanically. Two of the PVC par-
ticles and one of the PE particles seemed to have become
slightly smaller and rounder, possibly due to mechanical
abrasion when the particles are washed against the 10‐µm
stainless steel mesh filter with a high‐pressure water jet. Poly-
amide showed very low recovery rates but high optical match
rates, indicating losses as a consequence of the handling and
filtration steps, rather than degradation processes. One ex-
ception is PLA, where >25 particles were recovered, because of
fragmentation of the particles. All PLA particles showed a no-
table degradation in size and shape. When comparing the
particles after each step of the enzymatic‐oxidative digestion
protocol, it became apparent that the particles only showed
signs of degradation after the 12‐h protease step. The particles
showed signs of surface erosion, becoming smaller and parti-
ally fragmented. No further degradation could be observed
after the 5 following steps (Figure 4), indicating that the pro-
tease step was indeed the cause of the PLA particle degra-
dation.
ATR analysis
Because of the shapes (spheres) and often relatively large
thickness of the particles, ATR‐FTIR analysis (instead of µ‐FTIR
analysis) was conducted to determine any changes in the
functional groups of the particles’ surface. The PET fibers, PET
fragments, PE spheres, PVC fragments, low‐density PE
FIGURE 4: Degradation of a polylactic acid particle during the enzymatic‐oxidative digestion protocol. (A) Particle before enzymatic‐oxidative
digestion protocol. (B) Particle after 48 h in sodium dodecyl sulfate and 1 h in Fenton's reagent. (C) Particle after 12‐h protease. (D) Particle after the
5 subsequent steps (i.e., 48‐h pectinase, 48‐h viscozyme L, 24‐h cellulase, 1‐h Fenton's reagent, and 24‐h ZnCl2 solution).
FIGURE 5: Molar mass curves of polylactic acid (A) and polyamide (B) fragments before and after digestion using hexafuoro‐2‐propanol eluent in
gel permeation chromatography. The black curve represents the pristine polymer and the red curve, the polymer after undergoing the digestion
protocol. PLA= polylactic acid; PA = polyamide; Norm. W = normalised molecular weight.
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fragments, and PA fragments showed no changes in the
spectral bands compared to the control particles, whereas 3 of
the 5 PLA fragments showed a broad band in the region of
3300 to 3650 cm–1, indicating –OH stretching, possibly as a
result of degradation processes.
GPC analysis
Figure 5A shows the molar mass comparison of PLA before
and after treatment, as determined by GPC using PS as
the calibration standard. There was a change in the
average molar mass, Mn (number average molar mass), after
treatment from approximately 128.000 gmol–1 to approx-
imately 89.000 gmol–1, with a slight shift in molar mass
dispersity from 1.93 to 1.75. The GPC curve remained unim-
odal. Proteolytic enzymes, such as proteases, are well
known to catalyze the hydrolysis of ester bonds in aliphatic
polyesters (PLA). Although, slight degradation of PLA with
macromolecular chain scission was observed, PLA was not
completely degraded under the conditions used in the present
study based on the slow rate of hydrolysis. Other enzymes used
for the treatment are not specific for polyester hydrolysis.
There was no change in the molar mass of the other poly-
mers studied in the present study (see Figure 5B; Supplemental
Data, Figures S2–S5), showing the tolerance to the steps used
for sample preparation. These polymers have either a strong
C–C backbone (PE, PVC) or a not easily hydrolyzable
C‐heteroatom backbone (PA, PET).
DSC analysis
DSC measurements were carried out to study the effect of
the digestion procedure on thermal transitions of polymers.
Polyvinylchloride was amorphous with a glass transition tem-
perature (Tg) 85± 2 °C, which remained unchanged on diges-
tion. Pristine PLA showed a very low degree of crystallinity
(~1%). It showed a Tg of 64± 2 °C, broad crystallization, and
melting peaks centered at 110 and 151 °C, respectively. After
digestion, PLA had almost the same thermal behavior in DSC
measurements concerning crystallization and melting with a
degree of crystallinity of approximately 2%. The significant
difference was in the enthalpy of crystallization, which was
significantly higher (20.8 J g–1) than that of pristine PLA
(2.26 J g–1). This might be due to the decrease in molar mass,
as evident by GPC measurement, providing better crystal-
lization tendency during heating. Low‐density PE, PET, and PA
showed semicrystalline behavior. Melting transitions were seen
as broad peaks without significant change in thermal transition
behavior, degree of crystallinity, and enthalpy of melting after
digestion (see Supplemental Data, Figure S6 and Table S1).
Application to an environmental sample
In an exemplary 250‐g subsample from the same silt‐loam
experimental agricultural field near Stuttgart, which was fully
digested and analyzed via µ‐FTIR spectroscopy, a total of
160 microplastic particles were found, of which 85% were
fragments and 15% were fibers. The plastic types that
were identified were, in decreasing abundance, PP (32.5%), PS
(27.5%), PE (22.5%), PET (10%), polybutylene terephthalate
(5%), and polyacrylonitrile (2.5%). Of the identified particles,
85% were <201 µm: 10 to 100 µm (40%), 101 to 200 µm (45%),
201 to 300 µm (10%), 301 to 400 µm (2.5%), 401 to 500 µm
(2.5%; see Figure 6).
DISCUSSION AND CONCLUSION
The aim of the present study was to develop a soil sample
purification method that 1) allows the identification micro-
plastics in general but with a special focus on small (<500 µm)
microplastic particles, 2) does not destroy conventional plastic
types, and 3) enables the analysis of a relatively large sample
volume of 250 g dry weight.
In this section, the differences of the soil purification pro-
tocol from previously published protocols (see Table 3) will be
discussed.
Scheurer and Bigalke (2018) were among the first to
publish a microplastic analysis protocol for soils that allows
assessment of the size and number of microplastic particles
using µ‐FTIR analysis. However, the use of NaCl solution
(1.2 g cm–3) for density separation and hot nitric acid digestion
to remove the organic matter may lead to underestimation
of polymers with a density >1.2 g cm–3 and to an acid‐induced
destruction of PA, PET, and acrylonitrile butadiene styrene.
FIGURE 6: Distribution of microplastic types within different size
classes in an exemplary environmental sample. PAN= polyacrylonitrile;
PBT= polybutylene terephthalate; PE= polyethylene; PET= poly-
ethylene terephthalate; PP= polypropylene; PS= polystyrene.
10 Environmental Toxicology and Chemistry, 2021;00:1–14—J.N. Möller et al.
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Han et al. (2019) later developed a flotation device, using a
NaCl‐NaI solution (1.5 g cm–3), which can separate
even high‐density polymers from the mineral matrix. As a
measure to reduce the organic matter, they propose oxidizing
the lightweight organic matter with 35% H2O2 for a duration of
7 d, as described by Nuelle et al. (2014). In this context
Nuelle et al. (2014) stated that PE and PP particles showed a
reduction in size of approximately 10% after the long treatment
with H2O2. This decrease in size may therefore bias any ana-
lytical results that include the assessment of microplastic size
ranges and gives cause to assume that particles in the lower
micrometer range may not be detected at all because they may
have been dissolved completely.
By comparison, in the present study, visual analysis
confirmed by the molecular assays (ATR‐FTIR, GPC, and
DSC analyses) showed that even relatively small particles
(100–400 µm) made of PE, PVC, PET, and the relatively sensitive
PA are not degraded during the applied purification protocol.
Therefore, the present protocol is more suitable than other
chemical digestion protocols using strong acids, strong bases,
high temperatures, or long oxidation periods that may destroy
common microplastic particles occurring in environmental
samples (Löder et al. 2017; Hurley et al. 2018; Munno et al.
2018). Nevertheless, the biodegradable PLA particles showed
signs of degradation and fragmentation after the protease di-
gestion step, which needs to be considered when choosing a
method for the desired analysis.
A possible alternative to the present protocol was devised
by Hurley et al. (2018), in which they used NaI (1.8 g cm–3)
as a density separation medium and Fenton's reagent to re-
move the organic residue (removal efficiency 106± 13.8%
by weight). At this point it is important to note that the
organic matter removal efficiencies between Hurley's study
and our study cannot be compared directly: whereas we
measured the mass loss of the lightweight (organic) fraction
before and after treatment, Hurley et al. (2018) determined
the total organic matter content by loss‐on‐ignition
(5.79± 0.19% of the sample mass) and assumed the mass
loss after Fenton's oxidation to directly reflect the loss of
organic matter. Potentially, also inorganic matter such as
CaCO3 can be oxidized, which may explain the >100% removal
efficiency. This is important because the Fenton's oxidation
procedure used in our study is similar to the one used by
Hurley et al. (2018), but, as can be seen in Figure 2C, the
organic matter removal was not complete and therefore
might hamper µ‐FTIR measurements. Nevertheless, because
the method presented by Hurley et al. (2018) is time‐ and
resource‐efficient, application of their protocol is advisable as a
first step. If, however, the residual organic matter is still too
much to allow a spectroscopic analysis, the enzymatic‐oxidative
digestion protocol may be used to increase organic matter
removal.
All of the above‐mentioned protocols use a salt solution for
separation of the mineral fraction from the lightweight fraction.
High‐density salt solutions using NaI or ZnCl2 are expensive
and hazardous, and therefore require an internal recycling
process. Scopetani et al. (2020) presented an olive oil–based
separation which is density‐independent and relies on the
oleophilic properties of most plastics. The method showed
good recovery rates for PE, polyurethane (PU), PS, poly-
carbonate, PVC, and PET. But less oleophilic polymers, such as
PTFE, will not be recovered and tests should be conducted if
dirt and biofilms will change the extraction efficiency of aged
polymers.
In comparison to previously published methods, our soil
purification protocol is more elaborate but also allows proc-
essing of higher sample volumes and is very effective at re-
moving stabilized soil organic matter. A current drawback of
the purification protocol is the necessity of regularly filtering
the samples over a vacuum filtration unit. This can be
time‐ and labor‐consuming and may make the system sus-
ceptible to losses and/or contamination. However, this could
be avoided by applying capsuled methods like the single‐pot
method described by Scircle et al. (2020). The costs for each
250‐g sample are, on average, 2.11 euros for the reagents of
the enzymatic‐oxidative digestion (see Supplemental Data,
Table S2; not including costs for laboratory equipment and
ZnCl2 solution, which is internally regenerated and reused).
In conclusion, the present soil purification protocol has a
high purification efficiency without affecting the commonly
tested polymer types but does affect the biodegradable PLA.
Experiments with an environmental soil sample have shown
that a wide range of polymers in the shapes of fibers and
fragments down to a minimum size of 10 µm can be identified
with the presented method. Identifying the abundance, types,
shapes, and sizes of the microplastic pollution is important for
any microplastic‐related risk assessment because these are
relevant parameters for changes in the soil's biophysical
properties as well as for the potential uptake of microplastics
by soil‐dwelling organisms (Wang et al. 2019). To fill the
knowledge gap on the actual extent of microplastic pollution in
soils, this purification protocol in combination with an auto-
mated µ‐FTIR analysis could be an asset in future microplastic‐
monitoring schemes relying on a qualitative and quantitative
microplastic assessment.
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